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Abstract— Objective: Deformability is an essential feature of 

red blood cells (RBCs), enabling them to undergo significant 

shape change in response to external forces. Impaired 

erythrocyte deformability is associated with several pathologic 

conditions, and quantitative measurement of RBC deformability 

is critical to understanding and diagnosing RBC related diseases. 

Whereas traditional approaches to cell mechanical 

characterization generally have limited throughput, emerging 

microscale technologies are opening new opportunities for high-

throughput deformability cytometry at the single-cell level. 

Methods: In this work, we propose an innovative microfluidic 

system based on (i) a hyperbolic microchannel to induce 

erythrocyte deformation by extensional flow, and (ii) an electrical 

sensing zone with coplanar electrodes to evaluate the deformed 

cell shape. Results: RBC deformation under extensional flow is 

achieved, and the deformed cell shape is quantified by means of 

an electrical anisotropy index, at a throughput of 300 cell/s. 

Measurements of healthy and chemically stiffened RBCs 

demonstrate that the anisotropy index can be used to 

characterize RBC deformability, as an alternative to deformation 

indices based on high-speed image processing. Conclusion: A 

contactless and optics-free approach for RBC deformability 

analysis has been presented. Significance: Due to its simplicity 

and potential for integration, the proposed approach holds 

promises for fast and low-cost erythrocyte deformability assays, 

especially in point-of-care and resource-limited settings.   

Index Terms— Hyperbolic microchannel, Microfluidic 

impedance cytometry, Coplanar electrodes, Cell shape, 

Erythrocyte deformability, Single-cell biophysical phenotyping.  

I. INTRODUCTION

EFORMABILITY, defined as the ability of a subject to

change its shape in response to an external force, is an 

essential feature of erythrocytes (red blood cells, RBCs) [1]. 

Healthy human RBCs are capable of large deformations and 
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can therefore travel through the smallest capillaries of the 

human body [2], which is essential for continual flow of blood 

in the microvasculature [3]. On the other hand, a slight 

decrease in RBC deformability causes a significant increase in 

flow resistance and is frequently reported in microvascular 

diseases such as diabetic complications [1]. Moreover, RBC 

deformability may be altered in various forms of hereditary 

anaemia [2], [4] or in pathophysiological environments such 

as hyperglycemia [1]; the pathogenesis of malaria is mainly 

due to stiffening of the infected RBCs [5]; storage-associated 

changes in deformability may contribute to the fast removal of 

a considerable fraction of transfused RBCs [6]. 

Quantitative measurements of RBC deformability hold the 

key to understanding and diagnosing RBC-related diseases 

[7], [8]. More generally, the measurement of single-cell 

mechanical properties is important in a variety of applications, 

such as disease diagnostics, immune status analysis, and drug 

screening. This raises the need for accurate, robust and 

sensitive methods for cell mechanical characterization [9]. 

Microfluidic technologies are opening new opportunities 

toward this goal [10]–[13]. 

Several microfluidic approaches to deformability cytometry 

employ constriction-based deformation systems, where cells 

are driven through one or multiple constrictions smaller than 

their diameter, and the cell transit times are taken as metrics of 

cell deformability. Transit times are evaluated by either optical 

methods [14]–[17] or methods based on variation in channel 

electrical impedance [18]–[23].  

Constriction-based systems only work for a specific cell 

size range [23] and may be prone to clogging [24]. In order to 

induce cell deformation in a contactless manner, 

hydrodynamic approaches have been used, based on shear 

flows [25], extensional flows [26]–[28] or tuneable 

compressive forces [29]. In these systems, cell deformability 

is typically inferred from image-based evaluation of cell 

shape. Therefore, high-throughput analysis requires a high-

speed imaging setup and fast processing of massive image 

data. Compared to optical methods, electrical approaches are 

attractive due to the ease of integrating microelectrodes into 

microfluidic channels [30]–[32] and the lower computational 

and storage cost. Recently, Petchakup et al. [24] presented an 

optics-free deformability cytometer that combines 

viscoelastic-inertial focusing, hydrodynamic cell pinching by 

sheath fluids, and impedance-based cell characterization. 

Specifically, an electrical deformability index based on 
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differential impedance signatures of native and deformed cells 

is used for mechanical phenotyping of HL-60 cells and human 

neutrophils at a throughput of >17 cells per second. 

In this work, we present an innovative deformability 

cytometer that combines the merits of a contactless approach 

with the simplicity of an optics-free measurement setup. The 

system is based on a hyperbolic microchannel that induces cell 

deformation by extensional flow, coupled with an electrical 

sensing zone that evaluates the resulting cell shape by probing 

cell impedance along two orthogonal directions. 

Characterization of healthy and chemically stiffened RBCs is 

demonstrated at a throughput of hundreds of cells per second. 

Due to its simplicity and potential for integration, the 

proposed approach holds promises for fast and low-cost RBC 

mechanical characterization, especially in point-of-care and 

resource-limited settings. 

II. SYSTEM DESIGN AND WORKING PRINCIPLE

As shown in Figure 1, the system consists of two main 

elements: a hyperbolic microchannel and a shape-sensitive 

electrical sensing zone. The hyperbolic profile is chosen to 

induce cell deformation by means of extensional flow. In fact, 

the hyperbolic geometry results in a constant strain rate along 

the channel axis [33], which induces cell elongation along the 

flow direction and contraction in the transverse plane. The use 

of hyperbolic-shaped microchannels to assess RBC 

deformability was demonstrated in previous works [7], [28], 

[34]. Lee et al. [34] and Yaginuma et al. [7] showed that the 

extensional flow field generated in the hyperbolic contraction 

is effective to induce RBCs deformation, with the degree of 

deformation being dependent on flow rate and buffer 

viscosity. In those works, the degree of deformation was 

quantified by a deformation index defined as the difference 

between the major and minor axis lengths of the deformed 

cell, divided by their sum. The major and minor axis lengths 

were measured using a high-speed video microscopy system 

combined with image analysis to fit cell images to an ellipsoid 

shape. Faustino et al. [28] used a hyperbolic microchannel to 

reveal the difference in deformability of healthy and 

pathological RBCs. Cell elongation was quantified by an 

optical deformation ratio defined as the ratio between major 

and minor axis lengths of the ellipse best fitted to the cell. 

In the present work, for the first time, electrical impedance 

measurements are used to evaluate deformed cell shape within 

a hyperbolic microchannel. Grounding on our previous works 

[35], [36], we feature the hyperbolic microchannel with a 

cross-shaped electrical sensing zone composed of four 

coplanar electrodes (Figure 1). Two electrodes (𝐸1and 𝐸2) are

placed in the main channel, and two electrodes (𝐸3 and 𝐸4) are

recessed in lateral dead-end chambers. This configuration 

allows to acquire two current signals, respectively probing cell 

electrical impedance along two orthogonal directions, namely 

the flow direction (“F” subscript) and the transverse-to-flow 

direction (“T” subscript). Specifically, the signal 𝐼𝐹  is (the

variation with respect to the baseline of) the current measured 

at electrode 𝐸2 when a sinusoidal voltage signal 𝑉𝐹 is applied

to electrode 𝐸1, and conveys information on the cell projected

area on the xy-plane (see Figure 1). The signal 𝐼𝑇  is (the

variation with respect to the baseline of) the current measured 

at electrode 𝐸4 when a sinusoidal voltage signal 𝑉𝑇 is applied

to electrode 𝐸3, and conveys information on the cell projected

area on the yz-plane. When a spherical cell (i.e., with an 

isotropic shape) is in the centre of the cross, the two signals 

are identical by symmetry (Figure 1b). On the contrary, they 

differ in the case of a cell with an anisotropic shape (Figure 

1c). Therefore, an anisotropy index 𝐴𝐼 can be defined as 

follows: 

𝐴𝐼 =
𝐼𝑇(𝑡𝑐)

𝐼𝐹(𝑡𝑐)
 (1) 

Fig. 1. Device geometry and measurement principle. (a) Microscopy image of the microchannel, with layout drawing in background. A hyperbolic profile 

generates an extensional flow (total Hencky strain 𝜀𝐻 ≅ 3) to induce cell elongation in the flow direction. A shape-sensitive electrical sensing zone composed 

by four coplanar electrodes (𝐸1 ‒ 𝐸4) in cross configuration is integrated in the device. AC voltages are applied to 𝐸1 (voltage 𝑉𝐹 at frequency 𝑓𝐹) and to 𝐸3

(voltage 𝑉𝑇 at slightly different frequency 𝑓𝑇). Two electrical current signals are measured, which probe the cell along the direction of flow (current 𝐼𝐹) and 

along the direction transverse to flow (current 𝐼𝑇). (b) When a spherical particle is in the centre of the cross region, 𝐼𝐹 and 𝐼𝑇 coincide by symmetry

arguments, (c) whereas 𝐼𝐹 ≠ 𝐼𝑇 for elongated particles.



3 

where 𝑡𝑐 denotes the time instant when the cell is in the centre 
of the cross (see also section III C). 

III. MATERIALS AND METHODS

A. Chip Microfabrication

The impedance-based microcytometer consists of a

polydimethylsiloxane (PDMS, Dow Corning) fluidic layer 

sealed to a microscope glass slide (75 x 25 mm), patterned 

with microelectrodes. Standard soft lithography procedures 

were performed to cast PDMS with SU8-3025 (Micro resist 

technology, Germany) master moulds. Microelectrodes 

(Ti / Au, 20 nm / 200 nm) design was transferred by optical 

lithography, e-beam evaporation, and lift-off process. Fluidic 

and electrodes layers were oxygen plasma-activated before 

alignment under a microscope.  

Relevant dimensions are as follows (see Figure 1a). The 

main channel is 𝑤𝑢=400 µm wide upstream. The hyperbolic

profile reaches a minimum width of 𝑤𝑐=15 µm at the centre of

the cross, yielding a total Hencky strain [33] 𝜀𝐻 =
ln (𝑤𝑢/𝑤𝑐) = 3.3. Channel height is 20 µm. The electrodes

are 30 µm wide along the main channel, with a 30 µm recess 

with respect to the centre of the cross. The same dimensions 

are used for the electrodes in the lateral channel. After the 

electrical sensing region, the channel profile re-expands 

symmetrically up to a width 𝑤𝑢 (Figure S1 of the

Supplementary Material). 

Regularly spaced pillar filters (15-30 µm gap) were in-

corporated into the fluidic inlet and main channel to minimize 

channel clogging events in the sensing region. A custom-built 

PCB was assembled on a chip holder to provide the electric 

connection. 

B. Sample Preparation

All the experiments were performed in accordance with

relevant regulations and guidelines. The research was 

approved by the Independent Ethics Committee of the 

University Hospital (protocol n. 2570/2022). Blood was 

obtained from a healthy volunteer by finger prick, following 

the protocol for capillary sampling recommended by the 

World Health Organization [37]. Informed consent was 

acquired from the sample donor.  

A 5 µl droplet of blood was diluted (1:50 v/v) in saline 

solution. A volume of 0.1 ml of this suspension was then 

diluted (1:25 v/v) in a solution of methylcellulose (0.5% w/v 

in saline). The addition of methylcellulose increases the 

density of the buffer and mitigates cell sedimentation. 

Methylcellulose also increases the viscosity of the medium 

and thus allows to generate higher forces at lower flow rates 

[25], [38]. The viscosity of the solution of methylcellulose was 

8 cP, as measured with a rheometer (MCR 102, Anton Paar). 

Chemically stiffened (treated) erythrocytes were obtained 

following the protocol by Kim and Ornstein [39]. Briefly, 

whole blood was diluted (1:1250 v/v) into a buffer containing 

1 mg/dl Sodium dodecyl sulphate (SDS) and 0.1% 

glutaraldehyde (besides 0.5% w/v methylcellulose). SDS is an 

anionic surfactant that reduces surface tension and at low 

concentrations spheres the cells (sphering takes place within 1 

sec [39]). Glutaraldehyde is a crosslinking agent that is 

commonly used to stiffen red blood cells chemically. Treated 

erythrocytes are immediately ready for analysis (i.e., no 

incubation time is required). 

Assuming a typical RBC concentration of 5 billion RBCs 

per ml, a total dilution of 1:1250 results in a concentration c = 

4 × 106 RBCs per ml. Before the measurements, polystyrene 

beads (7 µm diameter, Sigma-Aldrich) at a concentration of 

about 3 × 105 beads per ml were added to the sample as an 

internal reference. A syringe pump (Harvard Apparatus) was 

used to inject the samples into the microfluidic chip at 

different flow rates in the range 0.2-10 µl/min. As 

experimentally verified, the settling time of the fluidic setup 

was about one minute. Accordingly, upon changing the flow 

rate, we waited two minutes before recording the experimental 

data.   

C. Impedance Acquisition and Analysis

Electrical measurements were performed using an

impedance spectroscope (HF2IS, Zurich Instruments, 20 kHz 

filter bandwidth, 115 ksamples per second readout rate). 

Current signals were conditioned using two transimpedance 

amplifiers (HF2TA, Zurich Instruments). Low frequencies are 

best suited to probe cell size and shape [31]. Slightly different 

frequencies were used for 𝑉𝐹 and 𝑉𝑇 (6 V applied potential at

𝑓𝐹 = 615 kHz and 𝑓𝑇 = 500 kHz, respectively), to

discriminate between the induced currents. 

The signal 𝐼𝐹  - relevant to impedance probing along flow

direction - was fitted with a double Gaussian template (cf. 

Figure S2a of the Supplementary Material): 

𝐼𝐹(𝑡) = 𝑎𝐹 (𝑒
−

(𝑡−(𝑡𝑐−𝛿𝐹/2))2

2𝜎𝐹
2 + 𝑒

−
(𝑡−(𝑡𝑐+𝛿𝐹/2))2

2𝜎𝐹
2 )     (2) 

where 𝑡𝑐 is the central time, 𝜎𝐹 controls the width of each

pulse, 𝛿𝐹 is the peak-to-peak time, and 𝑎𝐹 is an amplitude

control parameter. The signal 𝐼𝑇  - relevant to impedance

probing in direction transverse-to-flow - was fitted with a 

modified Mexican-hat template (cf. Figure S2b of the 

Supplementary Material): 

𝐼𝑇(𝑡) = 𝑎𝑇 (1 − 𝛾𝑇

(𝑡 − 𝑡𝑐)2

𝜎𝑇
2

) 𝑒
−

(𝑡−𝑡𝑐)2

2𝜎𝑇
2  (3) 

where 𝑡𝑐 is the central time (the same as in 𝐼𝐹(𝑡)), 𝜎𝑇 controls

the width of the signal, 𝛾𝑇 regulates the relative amplitude of

the lateral peaks with respect to the central peak, and 𝑎𝑇 is an

amplitude control parameter. Therefore, signal values 

measured when the particle is at the centre of the cross (i.e., 

𝑡 = 𝑡𝑐) are:

𝐼𝐹(𝑡𝑐) = 2𝑎𝐹𝑒
−

𝛿𝐹
2

8𝜎𝐹
2; 𝐼𝑇(𝑡𝑐) = 𝑎𝑇     (4)

and hence the anisotropy index is computed as: 

𝐴𝐼 =
𝐼𝑇(𝑡𝑐)

𝐼𝐹(𝑡𝑐)
=

𝑎𝑇

2𝑎𝐹

𝑒
𝛿𝐹

2

8𝜎𝐹
2     (5)

Ideally, 𝐴𝐼 = 1 for spherical particles. In that case, an 

estimate of particle (electric) diameter is given by [40]:  

𝐷 = 𝐺|𝐼𝐹(𝑡𝑐)|1/3 = 𝐺|𝐼𝑇(𝑡𝑐)|1/3     (6)
where 𝐺 is a gain factor of the electronic circuitry. It was 
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calibrated such that 𝐷 = 7 µm for 7 µm diameter beads. In the 

case of nonspherical particles, the two expressions in eq. (6) 

yield estimates of particle size probed along flow or 

transverse-to-flow directions, hence the following two metrics 

are introduced: 

𝐷𝐹 = 𝐺|𝐼𝐹(𝑡𝑐)|1/3; 𝐷𝑇 = 𝐺|𝐼𝑇(𝑡𝑐)|1/3     (7)
Finally, particle velocity can be computed as: 

𝑉 = 𝐿/𝛿𝐹       (8)
where 𝐿 = 40 µm is the geometric distance corresponding to 

the peak-to-peak time 𝛿𝐹 (cf. Figure S2a and S2c of the

Supplementary Material). 

D. Image Acquisition and Analysis

For validation purposes, videos of the flowing cells were 

acquired using a high-speed camera (Photron Mini UX100, 

frame rate 4000 fps, shutter time 3.9 µs) connected to an 

inverted microscope (Zeiss Axio Observer, 40× objective). An 

in-house Matlab script was developed to perform particle 

tracking and region analysis (i.e., ellipse fitting), using the 

image processing toolbox. 

E. Numerical Simulations

The experimental activity was supported by finite element 

simulations. Fluid dynamic simulations based on Navier-

Stokes equations were performed, confirming the 

establishment of a constant strain rate along the main channel 

axis (Figure S3 of the Supplementary Material). An electrical 

model based on Maxwell equations [35] was used to simulate 

the electrical signals 𝐼𝐹  and 𝐼𝑇  produced by flowing particles.

Spherical and elongated particles were considered, and the 

effects of particle volume and particle position in channel 

cross section were studied (see Figure S4 of the 

Supplementary Material and the relevant discussion in section 

IV).   

IV. RESULTS AND DISCUSSION

In order to validate the ability of the proposed microfluidic 

system to induce cell deformation, the behaviour of flowing 

RBCs was monitored by means of high-speed imaging and 

ellipse fitting, following the approaches used in previous 

works [7], [28], [34]. Figure 2a-c shows an example of particle 

tracking for an untreated RBC in methylcellulose (10 µl/min 

flow rate), which illustrates cell elongation in the direction of 

flow. Additional particle tracking results that show the 

trajectory and the orientation of the fitted ellipses for 40 

exemplary RBCs are reported in Figure S5 of the 

Supplementary Material. Fig 2d reports the major and minor 

axis of the fitted ellipses as a function of cell position along 

the hyperbolic contraction (population averages over a 

minimum of 200 cells). As expected, the major and minor 

axes of reference beads are virtually equal and constant along 

the channel. On the other hand, RBCs exhibit an increase of 

the major axis and a reduction in the minor axis. The 

corresponding optical axis ratio (major axis over minor axis) is 

shown in Fig 2e. At 10 µl/min, an average axis ratio of about 

3.5 is found for RBCs at the end of the hyperbolic contraction 

(i.e., in the proximity of the shape-sensing region), in 

accordance with previous reports. Faustino et al. [28] used an 

optical approach to quantify RBCs deformation in a 

hyperbolic microchannel and found an average axis ratio of 

deformed cells of 3.2 for healthy donors. 

Representative electrical signals measured for a 7 µm 

Fig. 2. Image-based monitoring of RBCs deformation in the hyperbolic microchannel (only used for validation). (a) Example of RBC tracking, showing the 

fitted ellipses. In the insets, (b) a snapshot of an RBC in proximity of the electrode cross is shown, along with (c) the background subtracted snapshot on which 
the ellipse was fitted. Population averages of (d) axis length and (e) axis ratio of the fitted ellipses, as a function of cell position along the main channel axis 

(i.e., z-coordinated of the ellipse centroid; the origin of z is set at the centre of the cross region). In (d), continuous and dotted lines are used for major and 

minor axis, respectively. Shadowed areas denote ± standard deviation. Flow rate was 10 µl/min.   
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diameter bead and an RBC are shown in Figure 3, along with 

the corresponding fitted templates and a snapshot of the 

flowing particles. When a particle (bead or RBC) is in the 

sensing region, the signal 𝐼𝐹  is negative, because the current

flowing to the electrode 𝐸2 is reduced with respect to baseline

due to particle hindrance. Such a reduction is less pronounced 

(i.e., a local maximum of 𝐼𝐹  is observed) when the particle

reaches the centre of the cross, where the current lines can 

flow around the particle exploiting the lateral dead-end 

chambers. On the other hand, a particle entering the sensing 

region constitutes a hindrance to the current flowing from the 

electrode 𝐸3 to the electrode 𝐸1, thus increasing the current

flowing to the electrode 𝐸4 and producing a positive signal 𝐼𝑇 .

However, when the particle reaches the centre of the cross, it 

poses a direct hindrance to the current flowing to the electrode 

𝐸4, making 𝐼𝑇  negative. Therefore, both the signals 𝐼𝐹  and 𝐼𝑇

are negative when the particle reaches the centre of the cross. 

In fact, they are equal, by symmetry argument, in the case of a 

spherical particle (Figure 3c), whereas they differ (𝐼𝐹  is less

negative than 𝐼𝑇) for a particle elongated in the flow direction

(Figure 3d), thus supporting the use of the anisotropy index 𝐴𝐼 

(eq. (1)) as a metric for particle shape.  

Numerical simulations showed that the anisotropy index is 

independent of particle volume (Figure S4 of the 

Supplementary Material). The effect of particle off-centring in 

the channel cross section [41] was also investigated. The 

anisotropy index is nearly insensitive to particle vertical 

position (i.e., along 𝑦 axis), since the electric field in the 

centre of the cross is almost uniform along the channel height 

[35], [36]. In fact, the chip design uses the so-called “liquid 

electrode” concept [42]. Liquid electrodes are metal electrode 

positioned at the bottom of dead-end chambers placed on each 

side of the main channel. This configuration creates vertical 

equipotential surfaces on the apertures of the main-channel 

walls if the lateral recess distance of the electrodes to the 

channel is at least equal to the channel height [43]. In the 

present device, the lateral recess of electrodes 𝐸3 and 𝐸4 is

22.5 µm, thus greater than channel height (20 µm). Reversing 

the role of main and lateral channel, the same recess was used 

for electrodes 𝐸1 and 𝐸2, to ensure the symmetry of the cross-

shaped electrical sensing zone. Accordingly, the four 

electrodes generate a field which is almost uniform along the 

channel height in the centre of the cross, where the anisotropy 

index is computed. 

On the other hand, variations in particle lateral position 

introduce a blurring in the measured anisotropy index. In order 

to mitigate the confounding effect induced by variations in the 

lateral position, particle focusing based on dielectrophoresis 

was used by Shaker et al. [36], but that poses a limitation on 

the flow rate. High-throughput focusing can be implemented 

using lateral sheath flow [44], at the expense of an additional 

fluid stream and more elaborate fluidic control. In this work, 

aiming at a simple and robust device, we used a software 

solution that relies on the availability of an electrical estimate 

of particle velocity (eq. (8)). Only particles travelling with 

velocities higher than 80% of the maximum velocity were 

considered in the analysis. This corresponds to a maximum 

lateral off-centring of about ±25% of channel width 𝑤𝑐 (see

Figure S6 of the Supplementary Material). Numerical 

simulations for spherical and elongated particles flowing at 

varying lateral position showed that, if the lateral off-centring 

is within ±25% of channel width, the blurring in the measured 

anisotropy index is below 20%. 

Figure 4a shows the histograms of the electric diameters 𝐷𝐹

and 𝐷𝑇  (eq. (7)) associated with impedance probing in the

direction of flow and transverse-to-flow, respectively (10 

µl/min flow rate). In the histogram of 𝐷𝐹 , three populations

are distinguishable: the 7 µm diameter beads and two cell 

populations. The main cell population is centred at 4.8 µm, the 

other cell population exhibits higher diameters (6.1 µm 

average value). In the histogram of 𝐷𝑇 , the two cell

populations are shifted to higher diameters (6.6 µm for the 

main population and 7.7 µm for the secondary population) and 

partially overlap with the 7 µm diameter beads. The higher 

values of 𝐷𝑇  with respect to 𝐷𝐹  agree with the fact that cells

are elongated along the direction of flow, and hence they pose 

Fig. 3. (a) and (b) Representative snapshots of a bead and a RBC, respectively. The corresponding measured signals 𝐼𝐹 and 𝐼𝑇 are shown as dotted lines with 

asterisks in panels (c) and (d), respectively. Fitted signals are also shown (continuous lines). Flow rate is 10 µl/min.     
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a higher hindrance to the current 𝐼𝑇  than to the current 𝐼𝐹 . The

density plot of the electric diameter 𝐷𝑇  against the electric

diameter 𝐷𝐹  is shown in Figure 4b, which confirms the

presence of three populations. As verified by visual inspection 

(see snapshots in Figure 4b and Figure S7 of the 

Supplementary Material), the main cell population represents 

RBCs individually flowing in the sensing zone, whereas the 

secondary population represents RBCs doublets. 

RBC doublets are mostly aggregates of two RBCs, whose 

formation is favoured by the presence of methylcellulose [45], 

and occasionally coincident events (i.e., a pair of individual 

RBCs simultaneous flowing in the sensing zone [46]). A few 

aggregates or coincidences of three RBCs were also found at 

higher diameter values (Figure S7 of the Supplementary 

Material). The density plot of 𝐷𝑇  against 𝐷𝐹  collecting all

measured events (i.e., also including off-centred particles) are 

reported in Figure S8 of the Supplementary Material. This 

shows that off-centring manifests itself as a tail in the 

population clusters and that over 50% of the measured 

particles were kept upon filtering by velocity. At 5 µl/min, 

~250 particles/s were measured (for a total of 76,000 events) 

and ~140 particles/s fell in the high-velocity region (centred 

particles). At 10 µl/min those throughputs were ~600 

particles/s and ~300 particles/s, respectively, and the total 

number of collected events was 168,000.  

Figure 4c and Figure 4d show the histograms of the electric 

diameters 𝐷𝐹  and 𝐷𝑇  and the density plot of 𝐷𝑇  against 𝐷𝐹  for

the treated sample, respectively (10 µl/min flow rate). Besides 

the 7 µm diameter beads, only one cell population is found, 

corresponding to single RBCs. In fact, RBC aggregation is not 

promoted in the presence of the SDS surfactant. The RBCs 

distributions of 𝐷𝐹  and 𝐷𝑇  are pretty similar to each other,

with 𝐷𝐹  centred at 5.3 µm and 𝐷𝐹  centred at 5.5 µm. This is in

agreement with the sphering induced by the treatment with 

SDS [39], and was also confirmed by visual inspection.  

Figure 5 shows the behaviour of the anisotropy index 𝐴𝐼 

(eq. (1)), normalized with respect to that of the beads, for 

Fig. 4. (a) and (c) Histograms of the electric diameters 𝐷𝐹 (in red) and 𝐷𝑇 (in blue), for (a) healthy and (c) treated RBCs (10 µl/min flow rate). A vertical

dotted line is drawn at 7 µm diameter, and the different populations are indicated (see main text). (b) and (d) Corresponding density plots of 𝐷𝑇 against 𝐷𝐹 for 

(b) healthy and (d) treated RBCs, along with representative snapshots. The bisector line is also shown.

Fig. 5. Violin plots of the anisotropy index at different flow rates for (a) 

healthy RBCs and (b) treated RBCs. 
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different values of the flow rate. The anisotropy index of 

healthy (and hence highly deformable) RBCs increases with 

the flow rate (Figure 5a). In fact, the extensional stress 

increases by increasing the flow rate and therefore the cells get 

more and more elongated [34]. The median value of the 

anisotropy index is 1.8 at 0.2 µl/min, 2.3 at 1 µl/min, 2.4 at 2.5 

µl/min, and then it stabilizes at 2.5 (for 5, 7.5 and 10 µl/min), 

possibly indicating the existence of a value of the extensional 

stress above which the cells do not significantly deform any 

further [7], [47]. On the other hand, as shown in Figure 5b, the 

median value of the anisotropy index of treated RBCs, which 

are spherical due to the SDS, remains close to 1 at all the 

tested flow rates (i.e., 1 at 1 µl/min, and 1.1 at 2.5, 5 and 10 

µl/min). This is in accordance with glutaraldehyde-induced 

stiffening, which prevents treated RBCs from deforming under 

extensional stress. 

A scatter plot of the electrical anisotropy index against the 

optical axis ratio in proximity of the electrical sensing region 

is reported in Figure S9 of the Supplementary Material 

(healthy RBCs, 10 µl/min flow rate). Although those metrics 

measure somewhat different cell features, a linear regression 

yields a correlation coefficient of 80% between them. 

Overall, these results provide a proof-of-concept of the 

proposed approach to RBC deformability assessment. 

Contactless RBCs deformation under extensional flow was 

achieved, and the deformed cell shape was quantified by using 

electrical signals instead of high-speed imaging and image 

processing. A comparison with state-of-the-art systems for 

impedance-based deformability cytometry is reported in Table 

S1 of the Supplementary Material, showing the higher 

throughput of the present system. Increasing the RBCs 

concentration would further increase the throughput, but it 

would require the development of tailored strategies to resolve 

particle coincidences [46], [48]. 

Applications of the proposed approach to other cell types 

can be considered. As an example, the hyperbolic geometry 

could be tailored to induce deformation of white blood cells 

[49] or leukaemia cell lines [38]. Moreover, multifrequency

impedance measurements in the 500 kHz ‒ 20 MHz range

could be simultaneously performed, providing cell

characterization in terms of biophysical properties such as cell

membrane capacitance and cytoplasm conductivity [50], [51].

Indeed, a multimodal analysis based on different kinds of

cellular biomarkers, such as mechanical and electrical

properties, may provide better discrimination of cellular

phenotypes compared to single-marker analysis [23], [24],

[52]–[55].

V. CONCLUSIONS

We presented a novel high-throughput system (300 RBCs 

per second, at 10 µl/min) to quantify the shape of erythrocytes 

under extensional flow. The system is based on two main 

features: a hyperbolic microchannel for contactless cell 

extensional deformation, and an electrical sensing zone for 

optics-free assessment of cell shape.  

Compared to available approaches to deformability 

cytometry, the main merit of the proposed system resides in its 

simplicity. The fluidic control is straightforward since no 

sheath flows or other focusing mechanisms are needed. 

Furthermore, the absence of constriction channels practically 

eliminates the risk of channel clogging. The electrical sensing 

zone features coplanar electrodes that, compared front-facing 

electrodes, are attractive due to their ease of fabrication. 

Processing time-domain electrical signals instead of 2D 

images poses easier computational and storage requirements. 

We envision applications to investigate RBCs alterations in 

hereditary, infectious, or cardiovascular diseases, and to 

monitor RBCs quality during collection, banking, and storage. 
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